Biotechnology
Homework 1 Answers
Fall 2011

1.  Sensitivity of DNA/RNA detection methods

(i) You need to recall how to convert mass, moles and molecules, and to approximate some values.  A whole human genome has a molecular weight of roughly 3 x 109 x 700 = 2 x 1012.

Hence, 5 mg has 5 x 10-6 / 2 x 1012 moles (# of moles = Mass/ MW)

or 5 x 10-6 x 6 x 1023 / 2 x 1012 = 1.5 x 106 copies, or molecules if we consider the whole human genome as one molecule (# of molecules = # of moles x 6 x 1023).

No matter what the size of DNA in question there would be roughly a million molecules in a single band that might be illuminated by hybridization to a probe.


The majority of incorrect answers did not appreciate that it is the molecular weight of the whole genome (not a single band) that is appropriate to use in this calculation.

Here, and in subsequent questions, I was not concerned about small differences in numbers because of different estimates used or lack of clarity concerning haploid vs diploid genome sizes. I would advise using standard units of g, moles, molecules, and, as far as possible putting in numbers only in a final calculation (i.e. don’t work out intermediate numbers if you can avoid it).

(ii) Rather than calculating the same way for yeast genomic DNA you can simply realize that the number of molecules present for a given mass is inversely proportional to the mass of each molecule. Hence the relevant factor is the ratio of the size of the two genomes. The yeast genome is roughly 1.2 x 107 bp so the ratio is 3 x 109 / 1.2 x 107 or roughly 250, with more molecules in the less massive yeast DNA.

(iii) In genomic DNA each part of the genome is equally represented. However, different genes are characteristically transcribed at very different rates to produce a wide range of mRNA concentrations in different cell types.  That is the most important point to appreciate first and demands that only an estimate of range can be made. To make any numerical approximation you have to estimate or look up mRNA concentration ranges and the average size of a mRNA.  The latter might be approximated as about 3kb. The most prevalent mRNA might represent up to about 1% of total polyA+ mRNA and rare mRNAs may be at least a million-fold less abundant.  1% of 5mg of 3kb RNAs translates to roughly

5 x 10-8 x 6 x 1023 / 3 x 103 x 350, or about 3 x 1010. For rare mRNAs this would drop to around 10,000.  Rare mRNAs are indeed harder to detect on a Northern blot than on a Southern blot but for many mRNAs the detection sensitivities are similar (because similar numbers of target molecules are present in the same mass of an RNA or DNA preparation).

This question was intended as an estimation a priori rather than a question about an experimental determination about RNA concentration.  However, many students interpreted the question the latter way. Two methods were generally proposed (and only partly explained).  First, compare band intensity to that of an mRNA of known abundance.  Here you would have to use two probes and somehow arrange that each had the same specific activity.  Moreover, how would you know the abundance of the standard mRNA for your particular sample?  The complexity of possible samples means you are generally not going to be able to find such information.  A better method in principle would be to load different (tiny) amounts of the RNA you are interested in.  You could do this by making RNA copies of a plasmid DNA in vitro with T3, T& or SP6 RNA polymerase.  You could estimate product amounts by ethidium bromide staining of a gel (or similar) and then dilute appropriately.

(iv) 200ng of 1kb DNA corresponds to 2 x 10-7 x 6 x 1023 / 700 x 103, or roughly 2 x 1011 molecules.  If every template produced a product during one cycle (in reality this might be closer to 70%) and products were divided among one thousand different bands then each band would contain about 2 x 108 molecules.  Cycle sequencing is not PCR- the amount of template does not increase from one cycle to the next.  So, at best, 20 cycles produces 20 times as much product, giving about 4 x 109 molecules per band (as a maximal estimate).

Small errors arose from using ssDNA Mr to calculate number of template molecules. The template is double-stranded, so that is the appropriate Mr to use.

(v) Radiolabel was incorporated into sequencing products using alpha-labeled dNTPs, typically dATP. Hence, a band of 200nt length might have 50 A residues, each of which might potentially be radiolabeled (in reality there are many more unlabeled dATP molecules than labeled ones in the reaction). When the label must be in the ddNTP, as in fluorescent cycle sequencing, there can be only one label per molecule.

Many answers were not explicit about how products are labeled with radioisotope sequencing.  Many students claimed that every single phosphodiester P would be labeled.  In practice dNTPs can only be prepared such that a moderate percentage of molecules have 32P and usually only one labeled nucleotide is used.  Hence several sites may be labeled but not all of the phosphodiester linkages.

 (vi) Just one. You are looking at one nucleus at a time and even the two copies of each chromosome of a diploid nucleus are generally at different locations (not paired) in an interphase nucleus.

Interphase means not M phase. Hence, a cell may be in G1, S or G2 phase, although generally G1 is the longest.  If a cell were in G2 there would be twice as many copies of each gene and hence more sites for hybridization but still each site would represent a single molecule.

(vii) In a Southern blot most fragments to be visualized are considerably smaller than 100kb so probes must be smaller in order to hybridize to a single band.  In FISH the whole of a 100kb probe (actually made up of several smaller probes) hybridize to almost exactly the same spot (because DNA is very compressed in chromosomes).

Very few students simply explained that target fragments on Southern blots are generally much smaller than 100kb, so such a large probe cannot be used to hybridize to a single band. Often answers implied that the probe was run on the gel.  I can understand that confusion if you have worked with microarrays where the nomenclature is reversed compared to Southern or Northern blots (the probe is immobilized and not labeled for microarrays- I always found that naming choice odd).

(viii) The more labeled molecules associated with the hybridized probe the stronger the signal. The probe itself could contain many labeled groups that are detected directly (e.g. by fluorescence) if made by incorporating fluorescent nucleotide analogs.  Indirect labeling offers more opportunities for amplification. One example would be antibody detection of a nucleotide analog (e.g. with digoxigenin groups). The primary antibody itself or a secondary antibody might be coupled to an enzyme that locally converts a chemical (added at the end) to be fluorescent or to emit light. Each enzyme molecule may catalyze many cycles of light production. Yet more complex arrangements are possible. Biotinylated nucleotides are detected with Avidin. Avidin is multi-valent so more Biotin can then be added to amplify the number of Biotins associated with one probe molecule. Finally, in this type of sandwich method, fluorescently labeled Avidin (on many sites) can be added.  While these methods can increase sensitivity ten-fold or a hundred-fold (even more in the extreme), each additional step provides an opportunity for generating non-specific background signals. Strong signals are no good if accompanied by very high background, so considerable care and optimization is often necessary and there are benefits from using less sensitive techniques when they suffice.

This question was graded very generously.  Almost no answers actually explained why indirect visualization can cause amplification.  This has to involve either multiple labeled species binding to an initial single chemical group on hybridized probe, or the use of an enzyme, so that one attached molecule can produce many signals.  Several answers implied that you use a fluorescent probe and an antibody that is then visualized by fluorescence (and the two signals sum).  This is not generally done. If the amplification is effective (maybe 10-fold at least) the original signal would be negligible and also it is inconvenient and ineffective to have two types of special residues in a probe.

(ix) The most important issue is that the intensity of signal is usually the key parameter that allows us to distinguish signal at a particular location from background.  On a Southern blot the signal is spread over an area of about 1mm x 5mm at least, whereas the FISH signal is in a microscopic area, perhaps a million-fold lower.  Hence, the total signal required for detection is considerably lower in FISH.

Many answers skirted around the subject without talking about area, intensity or spreading out a weak signal. You have to spell out the reasons.

2.  DNA sequencing
(i) High concentrations of primer are used to drive the hybridization reaction. Most solution hybridization reactions do not attain equilibrium and so the rate of hybridization (which can be very slow) is key. In PCR you want most of your template molecules to be primed over a time scale of a minute or two.

This was generously graded because alternative answers were also valid (if not quite in the spirit of the question).  Those answers said that a lot of DNA must be synthesized and that primer must compete well with templates annealing to each other.  Both are true (but are really reasons for having adequate primer rather than excess).

(ii) It is possible to try and arrange that all primers and dNTPS are used up in a PCR reaction by deliberately limiting their concentration (and compromising a little on the amount of product), but, as indicated above, these materials will usually be in excess and abundant even at the end of the process.  Sequencing depends on having only a single primer annealing to the template so it is essential to remove most of the pair of PCR primers.  Less important is to remove nucleotides. The composition of sequencing reactions can be adjusted reasonably well to account for the input from the PCR reaction. Sometimes (quite often) PCR will produce by-products due to unanticipated priming.  Such by-products may be seen on a gel and can exceed the desired product but there may also be a number of low concentration (and hence unseen) products.  If one of the primers used for PCR is used for sequencing most of these by-products would be primed in the sequencing reaction and produce background.  Hence, it is sometimes important to purify the desired PCR product band from an agarose gel.

Some answers grouped primers together with dNTPs or did not explain why two primers are a big problem or gave the impression that residual primer was only a minor problem.

(iii) Some background may come from the primer hybridizing to unintended sites on genomic DNA.  Such sites will not hybridize as well as the intended template and they will be very rare compared to the number of template molecules (each will be present roughly in proportion to the ratio of the sizes of the PCR product and the genome).  Even this very small background would be reduced by using a longer primer and more stringent hybridization.  A more significant background is not so obvious.  Genomic DNA will be sheared to some degree into randomly overlapping fragments. After each cycle of denaturation and annealing there will be some cross-hybridization between overlapping but non-identical stretches of DNA to form primed templates (double-stranded regions with long tails, sometimes with the 3’ end recessed).  Also, some imperfect hybrids and fold-back structures competent to prime DNA polymerase will be formed.  If the priming strands on these structures are very long (several kb) this will use up materials but will not interfere with DNA sequencing peaks, which occupy the size range of 30-1000nt, so the magnitude of this background is not overwhelming.  Indeed, this type of protocol for template purification is very frequently used and is generally successful.

This was a tricky question even if understood from the beginning.  However, most students did not realize what is typically accomplished by molecular exclusion chromatography.  Here is your chance to learn. It is a crude separation performed with spin columns in this context.  It basically removes low Mr compounds, taking all material above a certain Mr.  In the context of this question primers will be removed together with smaller material.  In other molecular biology settings a different pore size is removed so that oligonucleotides are collected along with larger DNAs (only small molecules are removed).  In the DNA world this kind of chromatography is not used as a substitute for agarose gels, i.e. you don’t separate 500bp DNAs from larger DNAs.

If you did appreciate that there was a lot of genomic DNA contaminant (or some other contaminant) it was then important to explain how this is converted into background bands. That step was generally omitted (and certainly nobody mentioned self-priming and few considered the important point that the number of molecules that would be primed by chance cross-hybridization of the primer would be very small).

(iv) (a) If you sequence the PCR product directly you should be able to recognize a heterozygous point mutation as a clear double-peak (both detecting and identifying it). Later you could clone products to be sure this was not just a “dirty” sequence (but usually sequence quality makes that unnecessary). If there were another type of mutation, such as a deletion, insertion, inversion or translocation, the DNA sequence would be normal up to a certain point and thereafter two sequences would be superimposed.  Generally that prevents determining the two individual components because bands can become slightly offset so a mutation would be detected but not defined.

(b) For the latter situation you may have to clone PCR products to determine what is the mutant DNA sequence.  However, the disadvantage of only sequencing cloned products is that you don’t know how many clones to sample. By sampling too few you may miss the mutant DNAs.  If you already know there is a mutation to be found (from direct sequencing) you can continue to sequence cloned products until you find a variant.

For these answers a common deficiency was not explaining exactly what you would see using either approach.  You should form a picture of the chromatograms in your head for (a)- I will ask something related to this in the mid-term.

Regarding cloning, almost no answers pointed out the problem of sampling. You don’t know if any one clone derives from one chromosome homolog or the other so you have to take several samples to have a good chance of finding a mutation (if it exists).  It is also true that a single clone might come from a PCR error rather than a genuine difference in the original template.

A few answers implied that the cloned gene wouyld have a function in E.coli that would yield a phenotype.  In general, cloning vectors will not have promoters and other features required to produce a gene product in E. coli, and foreign genes would also not have a normal function.

(v) Since oligonucleotides are built from the 3’ end the shorter products will be shorter at their 5’ ends.  That means they will produce offset sequences compared to the desired correct primer and this super-position would spoil the DNA sequence reads.  Oligonucleotides lacking 3’ regions would not be a problem (check that you understand why). 

This answer was graded strictly because it is something students ought to be able to figure out and explain precisely.

3.  Hybridization and more.

(i).(a) The concentration of probe is most important. Just having an amount equal to or greater than the amount of DNA on the solid phase is not sufficient to maximize signal even under conditions where hybrids are much more stable than single strands (so you might imagine that most probe would be bound at equilibrium). This is because hybridization is slow and equilibrium will not be reached. The speed of hybrid formation depends on probe concentration in solution.  Of course it is also true that the probe must be labeled to high specific activity (many labeled groups per probe molecule on average) and that the method of probe detection is sensitive (with amplification steps if necessary).  However, those issues are addressed in other questions and a good answer could not reasonably ignore probe concentration.

(b) The ratio of salt concentration is 10, so the temperature adjustment is 16.6C according to the formula. In lower salt the Tm is reduced and so the appropriate temperature would be 48.4C. 

(ii) (a) There should be no major change because the extra nucleotides will not contribute much at all to binding to the correct site.  Random extra nucleotides are also extremely unlikely to contribute significantly to enhancing binding at unintended sites.

(b) Since we are dealing with oligos of effective size (matching regions) of 21-25nt we should best use the second formula and estimate that the mis-matches at one end are simply equivalent to shortening the oligonucleotide.  The magnitude of the change will depend on whether the altered 4nt were involved in GC or AT base pairs with the net effect in the range of 4 x 1.46 to  8 x 1.46 or roughly 6 to 12C.

(c) Chemical energies associated with base-pairing provide a small but significant difference that allows detection of mis-matches simply by hybridization.  The percentage difference will be highest the shorter the hybridizing region and will be largest in magnitude if the mis-match is in the center of the hybridizing region. If conditions are insufficiently stringent the difference in hybridization will be negligible.  Several enzymes acting on nucleic acids are extremely sensitive to proper base-pairing.  In other words, they greatly magnify the differences between paired and unpaired bases in forming a productive complex with the enzyme.  DNA polymerase has this property (effectively requiring perfect base-pairing at the 3’ end of a hybridized primer) and T4 DNA ligase also requires perfect base-pairing before it will form a phosphodiester bond.  Hence, if you arrange for the mis-match to be at the 3’ end of a potential primer and measure priming of DNA synthesis (for a polymerase without 3’ to 5’ exonuclease activity) you should get a black and white result (no priming with a mis-match).  This test is used in the ARMS-PCR (or ASA, allele-specific amplification) assay, which is sometimes used clinically and in research to detect specific mutations.  Similarly, the requirement of DNA ligase for perfect matches is sometimes tested in an assay known as PCR-OLA.

 (iii) (a) The primer hybridizes perfectly at the extreme right end of the template sequence shown so that new DNA synthesis would start GCCATCATGCG….  Theoretically you could see a labeled product with just the first ddGTP incorporated and would literally start reading sequence there.  You do not read the primer sequence because there are no termination products in this area.  (In practice the first few nucleotides of sequence reads are often a mess and are omitted.  I’m not sure of the exact source of this “mess” but some short, aberrant PCR products from primers annealing to each other, for example, may contribute). 

 (b) Same as above. Hybridization will still be possible and all bvand lengths will be as before. The intensity of signals may be a little lower.

(c) This oligo will not prime and no DNA sequence will be read.

(d) These oligos will both prime and produce peaks.  Those sequencing peaks will be offset because the 5’ ends of the two primers are different distances from a given incorporated nucleotide. Early on it may be possible to “read” the superimposed peaks but no clear DNA sequence can be read.

(e) Here the shorter oligonucleotide will probably hybridize only very little under standard conditions.  Hence, the second, offset sequence described above will be extremely weak and would likely not be a problem.

You may look at the answers to (d) and (e) and think again about the value of capping during oligonucleotide synthesis.  If there were no capping step almost all imperfect oligonucleotides at the end of the process would be too short by one nucleotide and would contribute to the problem cited in (d).  With capping, many of the contaminants will be much shorter than the correct oligo and hence will prime only very weakly, if at all, as in (e).  Of course, the discussion above refers to oligo synthesis products used without size purification.  It is also true that purification is easier if the length differential for most contaminants is greater than 1 nt.

4. Cloning with plasmids and manipulating DNA with enzymes.

(i) Sometimes strands from EcoRI-cut DNA will hybridize to each other, and likewise for PvuI-cut DNA, re-forming linear 3kb molecules.  However, complementary strands cut at different positions can also hybridize together.  Once that hybridization is nucleated it will proceed so that all complementary regions are annealed, producing a double-stranded circle with two nicks (one in each strand, separated by 2kb in one direction).  You may think one pattern of hybridization is favored- perhaps circles are slightly less energetically favorable.  However, empirically, you find plenty of circular products (perhaps a little less than for linear molecules).  This is likely because each type of annealing is essentially irreversible.  For stretches of hybrid as long as 1kb under conditions below the Tm the hybrids will be very stable. 

Linear DNA and circular DNA of the same size can have different mobilities on an agarose gel (the exact pattern depends on agarose concentration, DNA size and whether the circular DNAs are supercoiled). For non-supercoiled circles (as here) gel migration is always slower than for linear DNA and very easy to see for a size of 3kb using agarose gels of 0.6% to 1%.  You should therefore see two bands in the products of the experiment.  It would be important to run size markers and some controls, such as the starting materials before denaturation and hybridization, and/or the experiment conducted without mixing the two DNAs. 

(ii) You would need to compare the transformation efficiencies of products of the manipulations to those of the starting materials and/or products of an analogous procedure that uses only the EcoRI-cut DNSA (for example).  Otherwise, you would not be able to conclude that the re-organization of molecules in the mixed hybridization was responsible for increased transformation efficiency.  You would expect a huge increase in transformation efficiency because circular DNA transforms efficiently and linear DNA does not.

An even better experiment might be to purify the DNA from each of the bands in the gel used to examine hybridization products.  That way you could associate the (expected) increase in transformation efficiency with a specific DNA of characteristic gel mobility. 

(iii) If there is a high concentration of ligase the enzyme may frequently associate with even very transiently base-paired overhangs and it can act very fast before the overhangs dissociate.  Hence, ligated DNAs will accumulate over time dependent on transient interactions.  The reliance on chance encounters explains why ligation reactions are faster at higher DNA concentrations and why the rate of accumulation of product can be slow but is greatly increased by having really high concentrations of enzyme.  During transformation there is no such cementing of transient interactions.  Indeed, during transformation a ligation reaction is greatly diluted (and at low salt) so far fewer transient hybrids form.  Also, once inside bacteria there are several enzymes that can digest free DNA ends (exonucleases).  Thus, although E. coli DNA ligase may join transiently hybridized strands, denatured complementary overhangs will quickly be lost preventing any further chances of transient interactions.  Also, of course, the concentration of ligase cannot easily be artificially increased to favor ligation inside the cell. 

(iv) One good method based on material we had already covered is to use a 3’ to 5’ exonuclease activity. In fact, T4 DNA polymerase is particularly good because it has high exonuclease activity but this will only be revealed if polymerase activity is reduced by lack of dNTPs.  To generate a specific single-stranded overhang you can design the strand to be chewed away to have no nucleotides of a certain type and then to add only that specific dNTP.  For example, if one strand ended in the sequence 5’  TGGACCTGCTTTCCGGTCTTC 3’(its complement would be present but would not be digested at this end because the exonuclease proceeds from 3’ to 5’), you could add T4 DNA pol and just dATP to reduce the terminus on that strand to 5’ TGGA 3’.

A second DNA molecule could be made in similar fashion (adding specified sequence by PCR and trimming back with T4 DNA pol to a specific site) such that the two single-stranded ends generated were complementary.  This type of procedure followed by annealing is in fact the basis of a method dubbed ligation-independent cloning (LIC).

Two other good methods involve only PCR.  

(a) Two overlapping PCR products are made that are 15bp different at each end.  The two molecules are denatured and annealed together, producing the original blunt-ended pairs plus hybrids with 15nt ss overhangs.  A variation on this is to use PCR that adds 15bp to a fragment and then hybridize PCR products with the original fragment.

(b) After PCR a new primer is made for each end that overlaps each end but is 12nt longer. Then a single cycle of DNA replication is performed. This will leave a 5’ overhang of 12nt (but only at one end).  This could equally well be applied simply to a purified restriction fragment. In both cases you have a ss overhang at one end. Denaturing & annealing the  mixture will give some molecules with sticky ends on both sides.

Some answers suggested ligating an oligonucleotide to a (largely) double-stranded DNA.  If using T4 DNA ligase you could ligate an adapter with 15 nt ss at one end and at the other end an overhang compatible with a restriction enzyme used to generate the 2kb fragment.  It is possible to just ligate a ss oligo to a blunt-ended fragment but with RNA ligase (works on ss DNA or RNA) rather than T4 DNA ligase.


A related idea was to ligate an adapter or linker to the end of a DNA molecule but using non-phosphorylated oligos. After ligation raise the temperature so that the oligo strand which did not form a phosphodiester bond is lost by denaturation.

The variety of possible methods illustrates how many routes there can be to precise design objectives using just one or two different enzymes or techniques.  Key to these options are the ability to make any oligo and to incorporate any new sequence at the ends of fragments by PCR or ligation.
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